Abstract. In the present study, we investigated the effects of progesterone (Pg) on the growth of A3 and its caspase-8-deficient mutant cell line, I9.2, both of which are subclones of a T-cell-derived leukemic Jurkat cell line that lacks the classic cytoplasmic/nuclear Pg receptor. Pg inhibited the cell growth of both cell lines in a dose-and time-dependent manner to a similar extent, regardless of the status of caspase-8 expression.
Introduction
Progesterone (Pg) is known to play a pivotal role in the reproductive cycle and pregnancy, in which the fetal-maternal immune response is suppressed during pregnancy (1) . Furthermore, it has been well documented that Pg contributes to the control of T-cell-mediated autoimmune reactions, in which the immune balance between CD4 + T-helper Th1 and Th2 cells is regulated (2) . Pg induces apoptosis in Th1 cells, whereas Pg is metabolized into non-toxic 20α-hydroxyprogesterone by 20α-hydroxysteroid dehydrogenase for the escape of Th2 cells from apoptosis (3) . On the basis of a common theory, it is believed that Pg binds to the classic cytoplasmic/nuclear Pg receptor (PR) in order to modulate gene expression, a process which is known as genomic effects (1) . Genomic effects are not restricted to immune-associated cells, but are also well known in various types of cells including tumor cells (1, (4) (5) (6) (7) . Indeed, it has been demonstrated that Pg induces apoptosis in diverse types of tumor cells, such as mesothelioma cells and breast, cervical and ovarian cancer cells by activating the genomic signaling pathway (4) (5) (6) (7) . Results of the investigation of the antiproliferative action of Pg against tumor cells suggest that Pg acts on non-target cells devoid of classic PR through a different process known as non-genomic effects. In fact, a recent study using a uterine cervix-derived cell line lacking classic PR demonstrated that the arrest of the cell cycle at the G1/G0 phase as well as apoptosis induction was responsible for Pg-mediated dose-dependent growth inhibition (8) .
Intensive research for identifying receptor molecules for Pg to manifest rapid functioning has been conducted. Recently, cell membrane-bound progesterone receptors (mPRs) unrelated to the classic PR, which are composed of mPRα, mPRβ and mPRγ, have received a great deal of attention (9) (10) (11) (12) (13) (14) . It is believed that rapid responses to Pg are initiated by binding to a respective receptor localized on the cell membrane (i.e., mPR) coupled with inhibitory G-proteins (Gi) (9, 12, 14 Indeed, progestin, a synthetic Pg, has been demonstrated to activate a variety of signaling pathways through mPRα (14) . It has been further demonstrated that the binding of Pg to mPRα alters secondary messenger pathways through activation of the pertussis toxin (PTX)-sensitive Gi (2, 13, 14) . As mentioned above, Pg plays a pivotal immunoregulatory role by regulating the balance between Th1 and Th2 cells. Moreover, Gamberucci et al (15) demonstrated that Pg inhibited capacitative Ca 2+ entry in Jurkat T lymphocytes in case of the binding of Pg to membrane, and proposed an involvement of non-genomic mechanism for the inhibitory effects of Pg. Recently, mPRs including mPRα and mPRβ have been detected in human peripheral blood leukocytes, T lymphocytes and Jurkat cells, suggesting a potential novel mechanism for the immunoregulatory function of Pg through activation of mPRs (16) . However, the effects of Pg on Jurkat cells have not yet been investigated in detail in regard to antiproliferation as well as apoptosis induction. In the present study, we investigated the effects of Pg on a classic PR-negative Jurkat cell line, A3, and its caspase-8 deficient mutant cell line, I9.2 (17, 18) . We also used PTX, an inhibitor specific for Gi protein, to clarify the involvement of mPRα in the non-genomic Pg signaling pathway, since mPRα has been well documented in mediating Pg actions among the mPRs (14, 19, 20) .
Materials and methods
Cell culture. Human acute lymphocytic T-cell leukemia derived from a lymphoblastoid cell line Jurkat clone A3, which is sensitive to Fas-mediated apoptosis, and I9.2, which is a caspase-8-deficient mutant of A3 (17, 18) were obtained from the American Type Culture Collection (ATCC, Manassas, VA, USA). Cells were cultured as previously described (6) in RPMI-1640 medium without Phenol red (Sigma-Aldrich, St. Louis, MO, USA) supplemented with 10% charcoal stripped fetal bovine serum (FBS) (Biological Industries, Kibbutz Beit Haemek, Israel) and 10 mg/ml gentamicin (Life Technologies, Carlsbad, CA, USA) at 37˚C in a humidified atmosphere (5% CO 2 in air). Peripheral blood mononuclear cells (PBMNCs) were isolated from three healthy volunteers using Histopaque-1077 (Sigma) according to the manufacturer's instructions, and cultured in RPMI-1640 medium without Phenol red supplemented with 10% charcoal stripped FBS, 100 U/ml penicillin and 100 µg/ml streptomycin (Life Technologies) at 37˚C in a humidified atmosphere (5% CO 2 in air). For experiments, the cell density was adjusted to 5x10 5 cells/ml prior to the treatments. The present study was approved by the IRB Committee of Tokyo University of Pharmacy and Life Sciences. An informed consent was obtained from all healthy volunteers.
Treatment with Pg in the presence or absence of Boc-D-FMK.
Cells were seeded on flasks or plates at 1x10 5 cells/ml, followed by treatment with different concentrations of Pg for different period of time as indicated. In order to clarify the implication of the caspase cascade in the effects of Pg, cells were preincubated with Boc-D-FMK, a pancaspase inhibitor (Sigma-Aldrich), at the indicated concentrations for 1 h, before the addition of Pg at a final concentration of 50 µM, followed by an additional incubation for 24 h.
Cell viability assay. After treatment with various concentrations of Pg (10-100 µM) in the presence or absence of Boc-D-FMK for the designated time, cell viability was measured by 2,3-bis(2-methoxy-4-nitro-5-sulfophenyl)-5-((Phenyl-amino)-carboxyl)-2H-tetrazolium hydroxide (XTT) assay (Sigma-Aldrich) as previously described (21) . Relative cell viability was calculated as the ratios of the absorbance at 450 nm of each treatment group against the respective control group.
Cell cycle analysis. After treatment with 50 µM Pg for 24 and 48 h, cell cycle analysis was performed using a FACSCanto flow cytometer (Becton-Dickinson, Mountain View, CA, USA) according to a method reported previously with modifications (22) . For staining cellular DNA, cells were washed twice with PBS, fixed with 1% paraformaldehyde/PBS for 30 min, and then washed twice again with PBS, permeabilized in 70% (v/v) cold ethanol and maintained at -20˚C for at least 4 h. Then, cell pellets were washed twice with PBS after centrifugation and incubated with 0.25% Triton X-100 for 5 min on ice. After centrifugation and washing with PBS, cells were resuspended in 500 µl of propidium iodide (PI)/RNase A/PBS (5 µg/ml PI and 0.1% RNase A in PBS) and incubated for 30 min in the dark at room temperature. A total of 10,000 events were acquired and Diva software (Becton-Dickinson) and ModFit LT™ version 3.0 (Verity Software House, Topsham, ME, USA) were used to calculate the number of cells at each sub-G1, G0/G1, S and G2/M phase fraction.
Lactate dehydrogenase (LDH) assay.
After treatment with 50 µM Pg for 48 and 72 h, LDH leakage from cells was measured using the LDH-Cytotoxic Test Wako kit (Wako Pure Chemical Industries, Osaka, Japan) according to the method previously described with slight modifications (23) . Briefly, after the cells were centrifuged at 450 x g for 5 min at 4˚C, 25 µl of culture supernatants was collected and transferred into wells of a 96-well plate, followed by the addition of 25 µl PBS to each well. After discarding the remaining culture supernatants, the cells were lysed with 200 µl of 0.1% Triton X-100. A portion of cell lysates (12.5 µl) was subsequently loaded into the 96-well plate, followed by the addition of 37.5 µl to each well. LDH activities in both the culture supernatants and the cell lysates were determined by adding 50 µl of 'substrate solution' from the kit, followed by incubation at 37˚C for 15 min. The reaction was stopped by the addition of 100 µl of 'stopping solution', and the absorbance at 550 nm was measured with a microplate reader. Cell damage was calculated as a percentage of LDH leakage from damaged cells using the following formula: LDH leakage (%) = (Sup)/(Sup + Cell) x 100 where Sup and Cell refer to the absorption of the culture supernatant and cell lysate, respectively.
Annexin V/PI analysis. TACS™ Annexin V-FITC apoptosis detection kit (Trevigen, Gaithersburg, MD, USA) was used for the detection of early apoptotic and late apoptotic/necrotic cells according to the manufacturer's instructions, Briefly, after treatment with 50 µM Pg for 24 and 48 h, respectively, cells were washed twice with PBS. Then, cells (1x10 6 ) were resuspended in 100 µl Annexin V incubation reagent (10 mM HEPES pH 7.4, 150 mM NaCl, 5 mM KCl, 1 mM MgCl 2 , 1.8 mM CaCl 2 , 5 µg/ml PI, Annexin V-FITC). Cells were incubated in the dark for 15 min at room temperature, followed by the addition of 400 µl binding buffer. Fluorescence intensities of FITC and PI were measured by a FACSCanto flow cytometer. A total of 30, 000 events were acquired, and data were analyzed by Diva software. Annexin V(-)PI(-) cells, Annexin V(+)PI(-) cells and Annexin V(+)PI(+) cells were defined as viable cells, early apoptotic cells and late apoptotic/necrotic cells, respectively.
Western blot analysis. Western blot analysis was carried out according to the methods previously described (24) . Briefly, after separation of proteins on a SDS polyacrylamide gel electrophoresis, followed by transferring to a nitrocellulose membrane, protein bands were detected using the following primary antibodies and dilution ratios: rabbit anti-mPRα (BioWorld Technology, Minneapolis, MN, USA) at 1:1,000; rabbit anti-caspase-3 (Enzo Life Sciences, Farmingdale, NY, USA) at 1:1,000; rabbit anticaspase-8 (BD Pharmingen, Franklin Lakes, NJ, USA) at 1:4,000; rabbit anti-caspase-9 (Cell Signaling Technology, Danvers, MA, USA) at 1:1,000; mouse anti-PR (Sigma) at 1:1,000 and β-actin (Sigma) at 1:5,000. Blotted protein bands were detected with respective horseradish peroxidase-conjugated secondary antibodies and an enhanced chemiluminescence (ECL) Western blot analysis system (GE Healthcare, Buckinghamshire, UK).
Determination of loss of mitochondrial membrane potential (ΔΨm).
The ΔΨm was determined by flow cytometry after cell loading with Rhodamine 123 as previously described with modification (25) . Cells were seeded at 1x10 5 cells/ml, followed by pretreatment with 50 ng/ml PTX (List Biological Laboratories, Campbell, CA, USA) for 24 h. After washout of PTX, the cell density of PTX-treated and control group cells (non-treated cells) were again adjusted to 1x10 5 cells/ml, followed by treatment with 50 µM Pg for an additional 24-h incubation. After incubation with 10 µM Rhodamine 123 in PBS for 15 min in the dark at room temperature, the fluorescence intensities of Rhodamine 123 were measured by a FACSCanto flow cytometer. A total of 30,000 events were acquired, and data were analyzed by Diva software.
Statistical analysis. Experiments were independently repeated three times, and the results are shown as the means ± standard deviation (SD) of three assays. The Student's t-test was applied and P<0.05 was considered to indicate a statistically significant result.
Results

Antiproliferative effect of Pg on A3 and I9.2 cell growth.
Growth inhibition was observed in both A3 and I9.2 cells after treatment with Pg at concentrations ranging from 10 to 100 µM for 24 h and 48 h in a dose-and time-dependent manner ( Fig. 1A and B) . The relative growth inhibition rate in the A3 and I9.1 cells was ~50 and 70% when treated with 50 µM Pg for 24 and 48 h, respectively (Fig. 1A and B) . A similar pattern of growth inhibition was observed in both cell lines regardless of caspase-8 status (Fig. 1A and B) . In contrast, almost no growth inhibition was observed in PBMNCs following treatment with Pg, although a slight but significant growth inhibition was observed in the cells treated with as high as 100 µM Pg for 48 h (Fig. 1C and D) . Furthermore, flow cytometric analysis showed that almost no cell cycle arrest was observed in both A3 and I9.2 cells, although there were trends in a decrease in the number of cells in the G2/M phase in both cell lines after treatment with 50 µM Pg for 24 or 48 h (Fig. 1E) . More importantly, a significant increase in the number of cells in sub-G1 phase was observed, indicating apoptosis induction in both A3 and I9.2 cells treated with Pg (Fig. 1E) .
Pg-mediated LDH release and apoptosis induction in A3 and I9.2 cells.
The release of LDH provides an accurate measure of the cell membrane integrity and cell viability. After treatment with 50 µM Pg for 48 and 72 h, LDH leakage analysis was thus performed to examine whether Pg treatment affects cell membrane integrity. A time-dependent LDH leakage was observed in both A3 and I9.2 cells irrespective of caspase-8 deficiency (Fig. 2A) . Furthermore, after treatment with 50 µM for 24 and 48 h, a significant decrease in the number of viable cells was observed concomitantly with a prominent increase in the number of apoptotic cells in both the A3 and I9.2 cell lines (Fig. 2B) .
Pg-mediated caspase activation in A3 and I9.2 cells.
After treatment with 50 µM Pg for 24 and 48 h, western blot analysis was conducted to determine the activation of caspase-8, -9 and -3. As expected, neither the proform nor the cleaved form of caspase-8 was observed in caspase-8-deficient I9.2 cells, whereas its cleaved form was observed in A3 cells after Pg treatment, indicating the activation of caspase-8 in these cells (Fig. 3A) . Furthermore, an increased amount of the cleaved form of caspase-9 and caspase-3 was observed in both A3 and I9.2 cells (Fig. 3A) . These results clearly indicate that caspase cascade activation is responsible for Pg-mediated apoptosis induction. Moreover, the addition of a pan-caspase inhibitor, Boc-D-FMK, significantly suppressed Pg-triggered cytocidal effects in both cells, reconfirming the involvement of caspase cascade activation (Fig. 3B) .
Contribution of mPRα to Pg-induced loss of mitochondrial membrane potential (ΔΨm) in A3 and I9.2 cells.
Western blot analysis was performed to identify the presence of mPRα. In both cell types, the expression of mPRα was observed, and its expression level was not affected by the administration of 50 µM Pg for 24 and 48 h (Fig. 4A) . Furthermore, the expression of classic PR (PR-A and PR-B) was not detected in both cell lines (data not shown), as has been previously reported (17, 18) .
After treatment with 50 µM Pg for 24 h, Rhodamine 123, a cell-permeant cationic fluorescent dye, was used to assay ΔΨm in both A3 and I9.2 cells. The administration of Pg resulted in a significant increase in cell populations with decreased ΔΨm (decrease in fluorescence intensity) (Fig. 4B) . However, the cell populations with decreased ΔΨm were notably restored by pretreatment with PTX, an inhibitor specific for Gi protein directly coupled to mPRα (Fig. 4B) . 
Discussion
In the present study, we demonstrated that Pg-mediated growth suppression was observed in both A3 and I9.2 cells in a dose-and time-dependent manner. Notably, no significant difference in the degree of growth suppression between A3 and I9.2 (caspase-8-deficient) cells was observed, suggesting that the growth suppression was caspase-8 independent. As expected, much less cytotoxicity was observed in PBMNCs when treated with concentrations of Pg, which showed significant cytotoxicity in both cell lines. These results reconfirmed a high tolerance of Pg for clinical application.
It has been demonstrated that G0/G1 cell cycle arrest and apoptosis induction contributed to Pg-mediated growth inhibition in C-4I cells, a cervical cell line lacking classic PR (8) . However, almost no arrest at a particular cell cycle phase was observed, despite there were trends in a decrease in the number of G2/M phase cells in both the A3 and I9.2 cells. This discrepancy between C-4I and A3 as well as I9.2 cells might be due to a cell type-specific event. Notably, a significant accumulation of cells in the sub-G1 phase was observed after treatment with Pg, suggesting that Pg-mediated growth suppression is attributed to apoptosis induction rather than cell cycle arrest. Furthermore, apoptosis induction as evidenced by Annexin V analysis strengthened our hypothesis. Apart from apoptosis induction, secondary necrosis probably also contributed to Pg-mediated growth inhibition in both cells types since the disruption of membrane integrity after treatment with Pg for 48 and 72 h was clearly demonstrated by the release of LDH.
In order to clarify the molecular details of the apoptosis pathway, we focused on the activation of caspases including caspase-9, -8 and -3, which are key players in two principal signaling pathways of apoptosis induction, called the intrinsic and extrinsic pathway (26, 27) . The intrinsic mechanism of apoptosis involves a disruption of the mitochondrial cell membrane, resulting in the loss of ΔΨm associated with cytochrome c release, followed by the activation of capase-9 and caspase-3 (26) (27) (28) . In contrast, the extrinsic pathway induced by death receptors, such as Fas and tumor necrosis factor receptor, is responsible for the activation of caspase-8 accompanied by the activation of caspase-3 (27, 28) . In the present study, we demonstrated that the activation of capase-9, -8 and -3 was observed in A3 cells after Pg treatment, suggesting that not only the intrinsic pathway but also the extrinsic pathway was involved in Pg-mediated apoptosis induction in the cells. To the best of our knowledge, this is the first report showing the involvement of the intrinsic pathway in Pg-mediated apoptosis in A3 cells, although Fas-mediated apoptosis induction through caspase-8 has been well documented in these cells (17, 18) . Therefore, an experiment focused on the activation of Bid, a pro-apoptotic Bcl-2 family protein and responsible for the crosstalk between intrinsic and extrinsic pathway (29, 30) , is needed to clarify the relationship between the two principal pathways. Furthermore, the activation of caspase-9 and -3 was observed in caspase-8-deficient I9.2 cells, suggesting that the intrinsic pathway, instead of the extrinsic pathway, is involved in Pg-mediated apoptosis induction in the cells. Collectively, these results suggest that the activation of the caspase cascade associated with the intrinsic and/or extrinsic pathway is responsible for Pg-mediated apoptosis in A3 as well as in I9.2 cells. In fact, suppression of apoptosis by the addition of a pan-caspase inhibitor, Boc-D-FMK, also supported our hypothesis. We also demonstrated that exposure to Pg induced loss of ΔΨm in both cells, which strongly supports our hypothesis of the involvement of the intrinsic pathway.
Since the lack of classic PR has been demonstrated in Jurkat cells (16, 31) , in order to clarify the molecular mechanisms of Pg action, the involvement of mPRα was investigated, a molecular of which the function and regulation has been best characterized among the mPRs (19, 20, 32) . In the present study, the expression of mPRα was observed, and its expression level was not affected by the administration of Pg. Importantly, pretreatment with PTX, an inhibitor specific for Gi protein activation (13, 16, 33) , significantly restored the decreased ΔΨm resulting from exposure to Pg. Collectively, these results suggest that mPRα contributes to Pg-mediated apoptosis induction in Jurkat cells devoid of classic PR.
In conclusion, growth suppression accompanied by apoptosis induction of Jurkat cells devoid of classic PR by Pg, was mediated through mitochondrial membrane disruption followed by the activation of the caspase cascade, as a result of the activation of non-genomic effects. Results of the present study offer a novel concept of Pg actions towards its clinical application for patients with lymphocytic T cell leukemia. Furthermore, the present study provides novel insight into the function of Pg as a regulator of the immune response.
